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ABSTRACT
Wetlands support great species diversity and perform important ecosystem services like
carbon and nutrient cycling, largely facilitated by microorganisms. Invasive plants, like
Phragmites australis, reduce biodiversity and alter ecosystem services. I hypothesized that
changes in soil bacterial communities would occur after Phragmites invasion and restoration
efforts employing herbicide to remove Phragmites would further disrupt communities. This
was tested in freshwater wetlands using terminal restriction fragment length polymorphism
analysis of PCR amplified eubacterial DNA from soils dominated by Typha and Phragmites
vegetation preceding and following herbicide application. Soil bacterial communities differed
by vegetation type and indicated both seasonal and inter-annual effects. Bacterial diversity
was greater in Typha soils that had more plant diversity (p < 0.05). Bacterial communities
after herbicide application exhibited minor changes short-term (days), while geographic
location conferred greater differences. These results suggest vegetation and soil conditions
strongly influence bacterial communities while herbicide application has only weak impacts.
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INTRODUCTION
Wetland Ecosystems
Wetlands are diverse habitats that provide essential ecosystem services, such as
carbon and nutrient cycling (Mitsch and Gosselink 2000, Assessment 2005). These important
ecosystem functions are largely facilitated by microorganisms (Angeloni et al. 2006).
Wetland ecosystem services include supplying sources of food and water, managing
hydrology by limiting the impact of floods, drought, and soil erosion, filtering and degrading
contaminants, and promoting soil development and nutrient cycling (Assessment 2005).
Many of these services can be greatly altered by invasive species that change wetland
ecosystem structure by reducing biodiversity and impacting nutrient cycling (Ehrenfeld
2003). In wetlands, invasive plant species often form monoculture stands, increase primary
production, contribute more plant litter, and alter nutrient cycling (Galatowitsch et al. 1999,
Zedler and Kercher 2004).
In the Laurentian Great Lakes, the introduction of invasive species coincides largely
to human establishment in the 1800s (Whyte et al. 2008). Since then, more than 180 species
have been classified as invasive and are now emerging as dominant over indigenous
organisms (Ricciardi 2006). Of these, 42% are plants, and 86% are European in origin (Mills
et al. 1993). An invasive plant species in the Great Lakes of particular concern to wetlands is
a perennial grass called Phragmites australis, also known as the common reed, which has
become wide-spread throughout the northeastern United States in the last 150 years
(Saltonstall 2002). A native form of Phragmites australis is present in North America and
has been identified in fossil records dating back 40,000 years, but it is low in abundance and
not considered invasive (Saltonstall 2002). Invasive Phragmites australis, which is identified

genetically as haplotype M, originates from Europe and arrived in the Great Lakes nearly
eighty years ago via the St. Lawrence Seaway (Saltonstall 2002, Back and Holomuzki 2008).
Lake Erie has been especially impacted by this invasive due to uncharacteristically low water
levels during the late 1990s combined with increased nutrient loading from anthropogenic
activities (Wilcox et al. 2003, Whyte et al. 2008). Phragmites australis out-competes native
plant populations, forming large monoculture stands by extending long underground root
systems with rhizomes from which new plants can emerge (Boyer and Burdick 2010, Figure
1). Additionally, it can easily colonize new areas by dispersing 350 to 800 seeds from its
massive floral head to a distance of up to 10 kilometers (Belzile et al. 2010, Figure 2).
Phragmites australis-dominated wetlands have been characterized by increases in plant litter
mass and primary production, decreases in water levels, and an overall reduction in species
diversity (Wilcox et al. 2003). Therefore, much effort has been focused on removing
Phragmites australis and restoring ecosystem services. Understanding the effect of
Phragmites australis invasion on wetlands is important to both identify the long-term impact
on wetland ecosystem processes and to develop assessment of control strategies.
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Figure 1. Monoculture stand of Phragmites australis in the Detroit River International
Wildlife Refuge (DRIWR). Photo by P. Richardson-Bristol.

Figure 2. Close-up view of seed head from Phragmites australis. Photo by P. RichardsonBristol.
3

Soil Microbial Communities
Invasive plant species can cause direct structural and functional changes in wetland
plant communities, but indirect effects on soil microbes may also occur (Wardle et al. 2004,
Wolfe and Klironomos 2005). Bacteria are central to wetland ecosystems as they comprise
greater than 90% of the microorganisms in this habitat (Hahn 2006) and facilitate processes
essential to freshwater ecosystem function through nutrient cycling, detritus breakdown, and
by providing a foundation for the food web (Hiorns et al. 1997). They are also key in the
metabolism and removal of various chemicals like herbicides and pesticides (Singh and
Walker 2006). Discerning the relationship between vegetation and microorganisms will
contribute to understanding the long-term effects of invasive plants, their impact on
ecosystem function, and the development strategies for restoring wetlands.
Vegetation type can have a strong impact on soil microbial communities (Wardle et
al. 2004, Wolfe and Klironomos 2005, Inderjit and Putten 2010, Kardol and Wardle 2010).
This is true in upland terrestrial plants (Ravit et al. 2006) and perennial woody plants, such as
Cedar, Pine, and Maple, in which differences were found in microbial communities and
abundance by vegetation type (Yu and Ehrenfeld 2010). Even with variations in hydrology,
both microbial communities and bacteria to fungi biomass ratios differed by plant species
(Yu and Ehrenfeld 2010). Furthermore, it was determined that microbial community profiles
were most strongly correlated to soil chemistry (i.e. mineral versus organic soils) as this
related to available nutrient sources and often coincided with plant type (Yu and Ehrenfeld
2010).
Invasive plant species cause shifts in microbial community composition and function
in wetlands. In a Lake Erie freshwater wetland, significant differences were seen in soil
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microbial profiles under Phragmites australis, Typha spp., and Sagittaria latifolia (Rothman
and Bouchard 2007). Similarly, in a brackish wetland study, it was shown that microbial
community composition and function within sediments under Phragmites australis and
Spartina alterniflora were significantly different (Ravit et al. 2003, Ravit et al. 2006).
Moreover, this study also supported the positive correlation of structure to function (Ravit et
al. 2006). Intriguingly, when examining soils beneath different vegetation, these trends were
not seen when wetlands impacted by anthropogenic disturbances were studied, though a
significant difference in microbial community composition was observed between the natural
versus contaminated sites (Ravit et al. 2003, Ravit et al. 2006). It was also shown that
microbial diversity was greater in soils with vegetation than those without, total relative
abundance was greater in Spartina alterniflora at both sites, and Phragmites australis
dominated plots had a 30% higher relative abundance at the natural versus contaminated site
(Ravit et al. 2006). This suggests that differences between plant species are not seen at the
contaminated site because there is less microbial diversity, abundance, and enzymatic
activity, and soil chemistry, rather than plant communities, drive changes found in microbial
profiles. Additional research is needed, especially long-term studies within freshwater
wetlands where the literature is lacking. Furthermore, most of these studies used techniques
with lower resolution like phospholipid fatty acid analysis (PLFA), denaturing gradient gel
electrophoresis (DGGE), and catabolic response profile (CRP). Use of molecular techniques
with higher resolution such as terminal restriction fragment length polymorphism (T-RFLP)
analysis may provide new insight.
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Herbicide Use on Invasive Plants
Wetland restoration after Phragmites australis invasion has been the focus of
management efforts throughout the Great Lakes and extensive research has been conducted
to determine the best strategies for long-term control. Common methods of removal include
mowing and raking, flooding, prescribed burns and herbicide treatment (Marks et al. 1994,
Mal and Narine 2004). Using measures of diversity and native species reestablishment as a
metric to assess removal efforts, research has shown that herbicide application in late
summer or early fall, followed by mowing and raking, or burning, was most effective
(Carlson et al. 2009).
Herbicide treatment of invasive species like Phragmites australis is the main method
of control, particularly for large geographic regions. Glyphosate and imazapyr are the most
popular herbicides used (Back and Holomuzki 2008, Tsui and Chu 2008). The herbicide
glyphosate, commercial names Roundup®, Rodeo®, Glypro®, and AquaNeat®, chemical
name n-phosphonometiglycine, is the most commonly used herbicide treatment (Singh and
Walker 2006). Despite glyphosate’s wide-spread use, primarily due to Monsanto’s marketing
of Roundup-Ready® food crops, the U.S. Environmental Protection Agency, in 2003,
approved use of imazapyr, commercial name Habitat®, in aquatic environments such as
wetlands (Whyte et al. 2008). In a long-term study, it was shown that imazapyr was 15%
more successful than glyphosate in removing Phragmites australis as measured by the
number of live stems, mean height, and percent cover remaining (Mozdzer et al. 2008).
Similar findings were also reported in other North American ecosystems such as removal of
invasive perennial pepperweed, Lepidium latifolium, in brackish marshes (Boyer and Burdick
2010), and exotic grasses found in the Great Plains (Masters et al. 1996). With its growing
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support of efficacy, the Department of Natural Resources currently use imazapyr in
combination with glyphosate to control invasive Phragmites australis in protected wetlands
within the Great Lakes region (Avers et al. 2010).
An understanding of the chemical properties and metabolic targets of these herbicides
is important in identifying the impact on wetland organisms. Glyphosate is a phosphonate, an
ester of phosphonic acid, which competitively inhibits the enzyme 5-enolpyruvylshikimate-3phosphate (EPSP) synthase by halting the shikimate pathway that synthesizes the aromatic
amino acids phenylalanine, tryptophan, and tyrosine (Schonbrunn et al. 2001, Yi et al. 2007,
Figure 3). EPSP synthase catalyzes the sixth step in this metabolic pathway by using two
substrates, shikimate-3-phosphate (S3P) and phosphoenolpyruvate (PEP), to form EPSP and
an inorganic phosphate (Schonbrunn et al. 2001, Yi et al. 2007, Figure 4). Glyphosate
competitively inhibits PEP binding while it has no effect on the substrate S3P (Yi et al.
2007). Shunting this pathway slowly halts growth and eventually results in death to the
organism. Additionally, glyphosate also interferes with cell membranes, alters nucleic acid
synthesis, and affects the function of chloroplasts by disrupting photosynthesis and
respiration (Perez et al. 2007).
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Figure 3. Biochemical pathways showing the synthesis of important amino acids in plants,
fungi, and bacteria. EPSPS and AHAS are the molecular targets of glyphosate and imazapyr,
respectively. Figure modified from Tan et al. 2006.

Figure 4. Depiction of the sixth step in the shikimate pathway that produces the aromatic
amino acids tyrosine, phenylalanine, and tryptophan. Glyphosate competitively inhibits EPSP
synthase by blocking substrate binding of PEP. Figure from Schonbrunn et al. 2001.
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The biochemical activity of imazapyr is similar to glyphosate. Imazapyr is part of a
group known as imadazolinones and inhibits synthesis of the branched-chain amino acids
valine, leucine, and iso-leucine (Tan et al. 2006, Figure 3) by preventing substrate access to
the active site in the enzyme acetohydroxyacid synthase (AHAS, EC 2.2.1.6) which catalyzes
the first step in the pathway converting pyruvate to 2-acetolactate, a precursor for valine and
leucine and the conversion of 2-ketobutyrate with pyruvate to 2-aceto-2-hydroxybutyrate, a
precursor to the amino acid isoleucine (Duggleby et al. 2008, Figure 5). Blocking this
metabolic pathway leads to death of the organism.

Figure 5. Depiction of the step in which imazapyr blocks substrate binding of AHAS that
produces precursors to the branch-chained amino acids valine, leucine, and isoleucine. Figure
modified from Duggleby et al. 2008.
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The adsorption and leaching properties of glyphosate and imazapyr in soils affects its
accessibility to plants and other organisms. Adsorption of herbicides to soil particulates
makes it generally less available to organisms yet persistence in the soil is increased.
Glyphosate is a negatively charged polar molecule in soils with a pH of 4 – 8 and has three
reactive sites capable of binding to other molecules: a carboxyl, amino, and phosphonate
group (Borggaard and Gimsing 2008). This allows it to easily bind to iron (Fe3+) and
aluminum (Al3+) oxides and clay silicates found in many soils (Busse et al. 2001). Because
higher soil adsorption corresponds to less availability to soil organisms this is considered a
positive characteristic of this herbicide (Haney et al. 2000). Research indicates that pH is the
main factor effecting soil adsorption: as pH increases, adsorption decreases (Borggaard and
Gimsing 2008). Additionally, high levels of phosphate in the soil, due to anthropogenic
activities like fertilizer use, will increase glyphosate leaching because chemically similar
phosphate will compete for binding sites (Borggaard and Gimsing 2008). Moreover, rainfall
increases mobility and warmer temperatures increase adsorption (Borggaard and Gimsing
2008). Most studies show soil organic matter (SOM), which is often high in wetlands, is
negatively or not correlated with soil adsorption because SOM temporarily blocks the active
site on soil particulates (Borggaard and Gimsing 2008). Thus, soil characteristics are
important in determining the availability and impact of glyphosate on aquatic organisms.
Soil adsorption of imazapyr is similar to that of glyphosate. However, with only two
binding sites, a carboxylate group and a nitrogen on its five-member ring, it does not adhere
to soils as strongly as glyphosate (Pusino et al. 1997). Imazapyr can be protonated at lower
pH levels allowing for increased binding in acidic condition, similar to glyphosate (Pusino et
al. 1997). Differences in pH have been determined as most influential in determining

10

adsorption of imazapyr in different soil types (Pusino et al. 1997) with the percentage of
organic matter in the soil is often correlated to the level of pH (Wang and Liu 1999).
Additionally, soil adsorption increased with increasing temperature while high levels of
rainfall and soil moisture increased mobility (Pusino et al. 1997, Wang and Liu 1999,
Borggaard and Gimsing 2008, Kraemer et al. 2009). Since imazapyr binds strongly to soils in
acidic conditions due to their reactive deprotonated sites, wetlands with higher levels of
humic acids due to the large quantity of organic matter present through decaying plant litter
will therefore adsorb imazapyr at higher rates. Plant litter biomass is particularly high in
wetlands dominated by monoculture stands of Phragmites australis around 4.5 meters in
height (Avers et al. 2010). With increased adsorption, leaching is decreased and imazapyr is
less readily available to organisms, suggesting the impact is less.
Impact of Herbicides on Microbial Communities
While the toxicity effect of glyphosate and imazapyr on macro-organisms and
specific model microorganisms has been well researched, changes in microbial community
composition and biomass have not, especially in wetlands. Historically, research has focused
upon the effects of herbicides, especially glyphosate, on an individual model species by
enumeration or indirectly by examining functions like respiration and nutrient metabolism,
but this does not provide information on what is happening to the microbial community as
whole (Widenfalk et al. 2008). In order to fully understand the extent of their effect on
ecosystem function, the microbial communities that facilitate nutrient cycling and are closely
associated with Phragmites australis and native Typha spp., bulrush, sedge, and other
indigenous plants need to be characterized so that control measures, management, and
recovery of these freshwater wetlands can ensue.
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The enzymes AHAS and EPSPS are found only in plants, fungi, and bacteria (Tan et
al. 2006) and are therefore attractive to biochemical researchers as targets in the synthesis of
herbicides. Mammals, including humans, cannot synthesize branched-chain and aromatic
amino acids, must obtain these amino acids from their diet, and are therefore not susceptible
to herbicides like imazapyr. The LD50 of glyphosate for mammals has been recorded
between 3530 to 5600 mg/kg (Singh and Walker 2006) which well exceeds application
requirements. The soil half-life for glyphosate is measured between 30 to 174 days (Singh
and Walker 2006) and is dependent on soil conditions and activity of microbial degradation.
While some reports indicate it degrades rather quickly in soils, it has often been found in
non-target ecosystems including rivers, lakes, and wetlands (Tsui and Chu 2008). The mode
of contamination can be from wind drift from aerial spraying or surface-water runoff and
eventual adsorption to soil particulates (Perez et al. 2007). Additionally, it is now used as a
tool for wetland restoration.
Residual glyphosate can have a negative effect on microorganisms and thus disrupt
normal ecosystem function. In a 7-day microcosm study on the effects of glyphosate in a
marine aquatic environment, evidence showed that there was a clear divergence in microbial
diversity between low-level treatments of glyphosate and the control (Stachowski-Haberkorn
et al. 2008). A phylogenetic tree built on 16s rRNA data indicated that regardless of the
concentration of glyphosate treatment, bacteria remained highly similar to each other and
distinct from the controls (Stachowski-Haberkorn et al. 2008). This clearly shows that shortterm changes are occurring in the microbial community. Other studies have also found
similar results. In a freshwater aquatic system, an 11-day study using a pond mecocosm
found that different levels of glyphosate effected periphyton and phytoplankton microbial
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communities by reducing their overall abundance (Perez et al. 2007). Results showed that
there was approximately a 40% reduction in biomass in both the high and low level
glyphosate concentrations (Perez et al. 2007).
Of organisms that use EPSP synthase in the shikimate pathway, some are naturally
sensitive to glyphosate while others are tolerant. Therefore, glyphosate application has the
potential to cause shifts in microbial community composition. Sensitive organisms that have
been identified include Arabidopsis thaliana, Brassica napus, Oryza sativa, Escherichia coli,
and Mycobacterium tuberculosis (Yi et al. 2007). Naturally tolerant EPSP synthases’ found
in nature have been identified in Bacillus subtilis, Agrobacterium tumefaciens CP4, and
Pseudomonas sp. strain PG2982 (Yi et al. 2007). Yi et al. identified the first algal EPSPS,
which the authors named DsaroA from Dunaliella salina (2007). This suggests that some
microorganisms may be able to use glyphosate and/or imazapyr as an energy source and
therefore increase in abundance. This shift in the microbial community could then result in
functional changes.
The toxicity effect of imazapyr, as with glyphosate, has primarily focused on macroorganisms such as mammals, aquatic invertebrates, and fish. Thus far, this work
demonstrates that imazapyr exerts little toxicity on these organisms. Grisolia et al. (2004)
examined the toxicity of imazapyr in Mus musculus (mouse), Drosphilia melanogaster (fruit
fly), and Biomphalaria tenagophila (freshwater snail). Based on results of LD50 (LD50 in
Biomphalaria), it was shown that the surfactant, nonylphenol ethoxylate used in commercial
imazapyr products, was the toxic agent to these organisms rather than imazapyr. This makes
sense because surfactants are detergents that disrupt cell membranes while imazapyr targets a
specific enzyme found only in plants and microorganisms.
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The herbicidal effect of imazapyr acts by inhibiting the enzyme AHAS which
catalyzes an early step in the synthesis of branched-chain amino acids. This process is found
only in fungi, bacteria, and plants. Given this information, there are only a few studies
focusing on the impact of this herbicide on aquatic and soil bacteria and fungi. Using culturebased methods, Stuart et al. (2010) demonstrated that endophytic filamentous fungi found on
sugarcane leaves were changed. However, molecular techniques using PCR-DGGE and clone
libraries of bacterial communities only showed weak changes (Dini-Andreote et al. 2010).
This suggests that soil microbes may be resilient to changes in their environment. Yet with
little research in this area, most of which is focused is on agricultural soils, culture-based
techniques, and/or specific model microorganisms, the need for more investigation is great.
Study Goals and Hypotheses
The main goals of this study were to 1) explore the impact of invasion of Phragmites
australis on bacterial community composition and diversity, and 2) investigate the effects of
herbicide application, used for wetland restoration efforts, on bacterial community
composition. In the Great Lakes, the invasive plant species Phragmites australis forms large
monoculture stands that lack species diversity, which negatively impacts wetland ecosystem
habitat and function. These aboveground changes in macro-biota likely impact belowground
micro-biota such as microorganisms that facilitate processes like carbon and nitrogen
cycling, and detritus breakdown. Moreover, microorganisms provide a foundation for the
food web and are central to metabolism and removal of various pollutants. To control
Phragmites australis, the broad-spectrum herbicides glyphosate and imazapyr are often
applied. Their toxicity is minimal to mammals because the enzymatic target is mostly found
in plants and microorganisms. Given microorganisms’ central role in wetland ecosystem
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function, herbicides likely change bacterial community composition. This research will
address the hypothesis that wetland sediment bacterial community composition differs
between Phragmites australis dominated and Typha spp. plant populations. Additionally, I
hypothesize that bacterial community composition changes after exposure to glyphosate and
imazapyr because some microorganisms will be metabolically targeted by the chemicals
while those resistant will use it as a nutrient source.

METHODS
Field Sites
Wetland field sites were selected in the summer of 2009 within an area protected by
the Detroit River International Wildlife Refuge (DRIWR). Based on visual ground
surveillance, Phragmites australis and Typha x glauca, hereinafter referred to as Phragmites
and Typha, respectively, were often found as the dominating plant species. Typha. supported
greater plant diversity with Phalaris arundinacea, Scriprus fluviatilis, and Bidens cernua
commonly present. Paired sites of Phragmites-dominated (P) and Typha-dominated (T)
wetlands were chosen within Brancheau for the study comparing soil bacterial community
composition under different types of vegetation (Figure 6). Seasonal and inter-annual effects
were also examined (Table 1). With assistance provided by the DNR, an additional
Phragmites-dominated site was selected at Pointe Mouille (Figure 6) with plans for aerial
herbicide application of glyphosate and imazapyr in September 2010. The Pointe Mouille
Phragmites-dominated herbicide-treated site (PH) was paired with Brancheau Phragmites (P)
as a control for the herbicide time series study of soil bacterial community composition. Five
1.0-meter2 plots were established at each site totaling 3 sites and 15 plots. These sites are
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diked wetlands and were chosen on the basis of similar vegetation, hydrology, and location to
urban centers, with the intent to minimize the contributory effects of other variables. In
comparison to 2011, the sites were drier in 2010 throughout the year. A planned helicopterfacilitated herbicide application took place on September 27, 2010, which will hereafter be
referred to as “Day 0” for the herbicide time series study (Table 2). It should be noted that
the Phragmites herbicide-treated site was burned on Day 172 (March 18, 2011), in an
unplanned fire that started from a recreational fire.
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Figure 6. Map of field sites located within the Detroit River International Wildlife Refuge
(DRIWR). Outline in red covers the DRIWR area with units in white and yellow denoting
locations for this study.
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Table 1. Sample dates and references used for analysis of the effects of vegetation on
bacterial community composition.
Inter!Annual*
Sample'date

Season

Oct"2009

Early&Fall

Aug"2010

Late%Summer

Aug"2011

Late%Summer
Seasonal(!!2011*

Reference

Season

Apr"2011

Spring

Jul"2011

Summer

Aug"2011

Late%Summer

*"All"sample"dates"were"used"for!vegetation)analysis.

Table 2. Sample dates and references used for analysis of the effects of herbicide treatment
on bacterial community composition. P = Phragmites control site. PH = Phragmites
herbicide-treated with glyphosate and imazapyr.
Reference

Notes

Day$"7

Soil%sampled%(P,%PH)

Day$0

glyphosate/imazapyr0(PH)*

Day$2

Soil%sampled%(P,%PH)

Day$4

Soil%sampled%(P,%PH)

Day$7

Soil%sampled%(P,%PH)

Day$14

Soil%sampled'(P,'PH)

Day$25

Soil%sampled%(P,%PH)

Day$39

Soil%sampled%(P,%PH)

Day$53

Soil%sampled%(P,%PH)

Day$172

Site%burn%(PH)*

Day$205

Soil%sampled%(P,%PH)

Day$295

Soil%sampled%(P,%PH)

Day$330
!!*"Soil"was"not"sampled.

Soil%sampled%(P,%PH)
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Field Sampling
A collection of soil samples for comparison of bacterial community composition by
vegetation type was completed and categorized based on the schedule shown in Table 1.
Sampling of soil for the evaluation of bacterial community composition after glyphosate and
imazapyr exposure were based on the reported soil half-life of glyphosate of 30 – 174 days
(Singh and Walker 2006) with intense sampling occurring within the first 14 days after
treatment as shown in Table 2. According the inter-annual schedule in Table 1, additional
soil was also collected and sent to Michigan State University’s Soil and Plant Sciences
Laboratory (East Lansing, MI, USA) for nutrient analysis.
Soil samples were obtained using a standard soil corer. Sterile conditions were
maintained in the field by flame-sterilizing the corer and accessory equipment (i.e. stainless
steel bowls and spoons) with a propane torch in-between each plot sampled. Sterile WhirlPak® bags (Nasco, Fort Atkinson, WI, USA) were used to collect soil cores at each plot.
Three to five cores, 0 to 20 cm in depth, were removed from a 30 cm2 section within a
satellite plot 0.5 meters away so that vegetation in the main plot was not disturbed. Soil was
hand-homogenized for 5 minutes through the bag and placed on ice for transport. In the lab,
sterile techniques were employed to transfer approximately 40 ml of soil each to two 50 ml
conical tubes for storage at -80 °C until further processing.
Water depth was also measured in the spring through fall seasons at increments of
approximately three weeks. This was completed by taking measurements from the outer
corner of each quadrant within all five plots at the Phragmites, Typha, and Phragmites
herbicide-treated sites. Quadrants were then averaged to obtain water depth for each
corresponding plot.
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Genomic DNA Extraction
DNA extraction of 0.25 – 0.35 grams of soil was performed using PowerSoil® DNA
Isolation Kit (MO BIO Laboratories, Solana Beach, CA, USA) following manufacturer
instructions. Extra liquid was removed from soils that were highly saturated with water after
centrifugation at 10,000 x g for 1 minute prior to the first step. Soil DNA isolation was
carried out in duplicate and then pooled. DNA concentration was determined using a
NanoDrop 2000 spectrophotometer (Thermo Scientific, Toronto, Ontario, Canada).
T-RFLP Analysis
Bacterial community composition was determined using terminal restriction fragment
length polymorphism (T-RFLP) analysis in which the bacterial 16S rRNA gene from
extracted DNA is amplified using a fluorescently labeled primer and then exposed to a
restriction enzyme which cuts it into different sizes based on variable regions found in
different taxon (Figure 7). This was done by using isolated genomic DNA from the soil as a
template for PCR amplification of the bacteria 16S rRNA gene using the primer set: 8F (5’ –
3’ AGA GTT TGA TCC TGG CTC AG), fluorescently labeled with 6-FAM at the 5’ end,
and 1492R (5’ – 3’ GGT TAC CTT GTT ACG ACT T) (Integrated DNA Technologies, Inc.,
Coralville, IA, USA) (Schmidt and Relman 1994, Marsh 2005). Each 25 µl reaction
contained 1 U GoTaq Green Master mix (Promega, Madison, WI, USA), 70 ng of template
DNA, 20 pmol of each primer, and 0.16 µg/µl of Bovine Serum Albumin (BSA) (Integrated
DNA Technologies, Inc., Coralville, IA, USA) (Blackwood et al. 2003). Due to high levels
of organic material found in the soils, BSA was added to reduce the inhibitory effects of
humic acids during PCR (Kreader 1996). PCR reactions were run in a MyCycler ™
thermocycler (BIO-RAD Laboratories, Hercules, CA, USA) in triplicate and pooled using the
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following conditions: initialization for 2 minutes at 94 °C, followed by 30 cycles of 30
seconds denaturation at 94 °C, 45 seconds annealing at 58 °C, and 90 seconds elongation at
72 °C, and a final elongation of 5 minutes at 72 °C (Kuehl et al. 2005). 1,500 bp PCR
products were confirmed visually using GelRed™ Nucleic Acid Gel Stain (Biotium,
Hayward, CA, USA) by 1.0% agarose gel electrophoresis in 0.5x tris-borate (TBE) buffer
with a TriDye™ 1 kb DNA ladder (New England BioLabs, Inc.). PCR products were then
purified following manufacturer’s instructions using Wizard® SV Gel and PCR Clean-Up
System (Promega, Madison, WI, USA). Restriction digests were performed on cleaned PCR
products in duplicate and pooled using 500 ng of PCR product and 20 U of MspI (C’CGG)
(Promega, Madison, WI, USA). Additional restriction digests were performed using HhaI
(GCG’C) (Integrated DNA Technologies, Inc., Coralville, IA, USA) on a subset of samples
to confirm reproducibility. Digests were each incubated in a thermocycler for 4 hours at 37
°C (Liu et al. 1997). Digested products were then cleaned again before automated gel
electrophoresis was performed using 4 µl of digested digest product added to a ROX1000
size standard 96-well plate prepared with formamide and supplied by the University of
Michigan’s DNA Sequencing Core (http://seqcore.brcf.med.umich.edu/). Samples were run
in duplicate on site with an Applied Biosystems 3730 sequencer (Life Technologies
Corporation, Carlsbad, CA, USA).
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Figure 7. Cartoon representation of T-RFLP analysis modified from Thies 2007.

Data Preparation
Terminal restriction fragment length polymorphism (T-RFLP) analysis is a robust
high-throughput method used to examine bacterial communities. To perform T-RFLP
analysis, DNA was first extracted from wetland soils. Using Phragmites-dominated and
Typha-dominated soils for the vegetation study, DNA mean concentrations were determined
to be 26.99 ± 14.3 ng/µl (± 1 SD), well within acceptable ranges for downstream analysis.
For the herbicide time series study, soils beneath both Phragmites treatment and control plots
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were similar with a mean concentration of 31.36 ± 18.7 ng/µl (± 1 SD). Before proceeding
with a restriction digest using MspI, the ~1.5 kbp PCR product was visually confirmed using
1.0% agarose gel electrophoresis (Figure 8). Purified restriction digests labeled with the
fluorescent FAM-labeled marker were then analyzed using automated gel electrophoresis on
an Applied Biosystems 3730 sequencer and T-RF sizes were determined using Applied
Biosystems Peak Scanner ™ software v. 1.0. This was done by plotting each sample relative
to the ROX1000 internal standard. Electropherograms of the samples and internal standards
were then examined to identify peak heights, peak areas, relative fluorescence units, and size
in base-pair lengths (Figure 9 – Figure 10).

Figure 8. Agarose gel electrophoresis confirmation of PCR amplified 16S ribosomal RNA
product. Lanes 1 – 4 are positive for ~1.5 kbp product. Lane 5 and 6 contain positive and
negative controls, respectively. A 1 kbp molecular weight ladder (MW) is in the final lane.
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Figure 9. Electropherogram of a single sample (in blue) plotted with the ROX1000 internal standard (in red). The x-axis represents
base-pair lengths and the y-axis gives relative fluorescence units (rfu) for height on the left and area on the right side of the graph.
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Figure 10. Electropherogram of a subsection of the sample shown in Figure 9 with values given for each peak.
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Statistical Analysis
T-RFLP community statistical analysis began by determining sample profiles using Applied
Biosystems Peak Scanner ™ software v. 1.0 (Life Technologies Corporation, Carlsbad, CA,
USA) and creating a matrix based on presence-absence data with an online platform known
as T-REX (Culman et al. 2009). Terminal restriction fragment (T-RF) lengths below 50 bp
and above 1,000 bp, as well as individual T-RFs found in less than 0.5% of the samples were
excluded from subsequent analysis. Additionally, background noise was filtered and
removed, T-RFs were binned and aligned by rounding to the nearest whole integer, and
replicates were averaged. Each T-RF was considered as a unique bacterial taxon. Due to the
large number of T-RFs found within the samples, principal component analysis (PCA) was
used to examine bacterial community profiles. Briefly, PCA involves the use of matrix
algebra to reduce multivariate data to a few significant variables which describe most of the
variation in the group (Gotelli 2004). To determine significance of principal components,
multivariate analysis of variance (MANOVA) was performed (P < 0.05). Statistical
calculations were performed using SYSTAT® v. 10.2 software (SYSTAT Software Inc.,
Richmond, CA, USA). Additionally, the sum of T-RFs for each individual sample was
determined as a relative value of richness. To determine if taxon richness was significantly
different between (P < 0.05) and within (Greenhouse-Geisser (G-G) < 0.05) groups through
time, repeated measures ANOVA was performed. The G-G value was chosen over the P and
Huynh-Feldt (H-F) values because it more conservative. Residuals were also examined and
transformations were made as necessary. If repeated measures ANOVA was significant
between groups, then a T-Test was also completed to ascertain which dates were significantly
different (P < 0.05).
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RESULTS
Water Depth and Soil Nutrients
Water depth differed by both vegetation and site location throughout the study period.
Seasonally, both Phragmites and Typha-dominated sites experienced a significant increase in
water depth during early spring followed by a gradual reduction to the lowest recorded levels
in late summer and fall (P < 0.01) (Figure 11). Additionally, Typha-dominated sites had
significantly higher water levels than Phragmites during measurable periods (P < 0.05). In
comparison annually, both Phragmites and Typha sites experienced unusually high water
depths during 2011 (Figure 11). A comparison of untreated to herbicide-treated Phragmites
sites showed the treated samples were significantly different with standing water measured
near zero through most sample dates (Figure 12).
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Figure 11. Water depth measurements throughout the study period for Phragmites (P) and
Typha-dominated (T) sites. Brown, green, and orange boxes represent sample years 2009,
2010, and 2011, respectively. Vertical bars represent one standard error. Phragmites and
Typha sites overall were significantly different from one another (P = 0.019) and through
time (P = 0.000). Dates with (*) are significantly different (P < 0.05) and (ⱡ) show strong
differences (P < 0.10).
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Figure 12. Water depth measurements throughout the study period for Phragmites herbicidetreated (PH) and untreated (P) sites. Vertical bars represent one standard error. Significance
could not be determined due to the lack of measureable depths within Phragmites treated.
The numbers in parentheses represent the recorded days for Phragmites treated.

Soil nutrient analysis also showed sites differed by vegetation type. A comparison of
soil nutrients between Phragmites and Typha sites showed soil pH increased inter-annually
while total nitrogen decreased (Figure 13). Total nitrogen and ammonium levels were
significantly greater in Typha compared to Phragmites throughout each year (P < 0.05).
Nitrate was significantly greater in Typha during 2011 (P < 0.05) and similarly in 2009 (P <
0.10). Conversely, magnesium levels within Typha plots were significantly lower than
Phragmites during 2010 and 2011 (P < 0.05).
Differences in soil nutrients between herbicide-treated and untreated Phragmites sites
were greater differences between Phragmites and Typha at the same site (Figure 13).
Phosphorus, potassium, and magnesium were significantly higher in Phragmites herbicide29

treated sites while chloride was greater in Phragmites untreated (P < 0.05). Calcium and
nitrate were also significantly higher in the herbicide-treated sites in 2010 and 2011 (P <
0.05). The pH level in the Phragmites untreated site changed from 6.2 in 2009 to 7.1 in 2011,
which was significantly different from the Phragmites treated site measuring around 6.8
annually (P < 0.05).
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Figure 13. Inter-annual analysis of soil nutrients within Typha (T; red), Phragmites (P; blue), and Phragmites herbicide-treated (PH;
green) sites. Vertical bars represent one standard error.

Effects of Vegetation on Soil Bacterial Community
Bacterial community composition and taxon richness in wetland soils were different
according to vegetation type. Soil bacterial communities in vegetation dominated by
Phragmites clustered separately from Typha plots with 17.4 percent of the variance explained
by the first two principle components (Figure 14). Some overlap in community composition
occurred, but MANOVA indicated the bacterial communities were significantly different (P
< 0.05). Taxon richness was also significantly greater in Typha compared to Phragmites
dominated wetland soils (P < 0.05) (Figure 15).

Figure 14. PCA of Phragmites-dominated (P) and Typha-dominated (T) wetland soil
bacterial communities using all sample dates of T-RFLP profiles. Phragmites and Typha
were significantly different along PCA1 (P = 0.036).
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Figure 15. Overall taxon richness of Phragmites (P) and Typha (T) dominated sites using all
sample dates. Vertical bars represent one standard error. Taxon richness was significantly
different (P = 0.023).

Inter-annually, distinctions in bacterial community composition and taxon richness
were also seen based on vegetation type and year. Bacterial communities in 2011 were
grouped separately from 2009 and 2010, which clustered together closely (Figure 16).
Additionally, bacterial communities were divided by vegetation within each date (Figure
16). Inter-annually, taxon richness was significantly greater in Typha than in Phragmites
soils (P = 0.025), with October 2009 showing the strongest individual differences (P < 0.10)
(Figure 17). When data were pooled, a small decline in taxon richness could be seen over
time (G-G = 0.075) (Figure 17).
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Figure 16. Inter-annual effects of Phragmites-dominated (P) and Typha-dominated (T)
wetland soil bacterial communities using T-RFLP profiles. Symbols indicate latesummer/early-fall sample dates over a three-year period.
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Figure 17. Inter-annual taxon richness of soil bacterial communities within Phragmites (P)
and Typha-dominated (T) wetlands. Vertical bars represent one standard error. Phragmites
and Typha were significantly different overall (P = 0.026). October 2009 indicated the
strongest differences per date (P = 0.095). Altogether, small changes could be seen over time
(G-G = 0.075).

Seasonally, bacterial community composition and taxon richness were different based
on vegetation and time of year. Summer (July) and late-summer/early-fall (August) were
highly similar, whereas spring (April) samples were clearly divergent (Figure 18).
Phragmites and Typha sites also clustered independently from each other within each season
(Figure 18). Taxon richness by season showed no statistical significance overall, between
subjects or through time, however, April 2011 indicated Phragmites soil community taxon
richness was considerably greater than Typha (P = 0.083) (Figure 19).
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Figure 18. Seasonal effects of Phragmites-dominated (P) and Typha-dominated (T) wetland
soil bacterial communities using T-RFLP profiles. Symbols indicate 2011 sample dates for
spring (April), summer (July), and late-summer/early-fall (August).
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Figure 19. Seasonal taxon richness of soil bacterial communities within Phragmites (P) and
Typha (T) dominated wetlands. Vertical bars represent one standard error. No significant
differences were seen together between or within subjects, yet April 2011 indicated strong
differences (P = 0.083).

Soil Bacterial Community Herbicide Time Series Study
Bacterial community composition between herbicide-treated and untreated
Phragmites sites indicated significant differences when combining all years with minor
distinctions in taxon richness. All sample dates as a group showed bacterial communities
were separately clustered between Phragmites treated and untreated sites with 24.5 percent
of the variance explained (Figure 20). Phragmites sites treated with herbicide had greater
taxon richness than untreated across most dates, however, the differences were not significant
(Figure 21).
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Figure 20. PCA of Phragmites-dominated untreated (P) and herbicide-treated (PH) wetland
soil bacterial communities using all sample dates of T-RFLP profiles.
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Figure 21. Taxon richness of Phragmites untreated (P) versus herbicide-treated (PH) soil
bacterial communities. Vertical bars represent one standard error. Collectively, Phragmites
treated and untreated sites were not significantly different from each other (P = 0.119) or
over time (G-G = 0.131).

Short-term shifts in bacterial community composition occurred within Phragmites
sites after herbicide application compared to untreated Phragmites vegetation. In a
comparison of day 0 to day 25 after herbicide application, a shift in bacterial community
composition was seen along PCA2 in the treated site (P < 0.10) (Figure 22). Day 7 to 14
indicated a stronger and significant shift along PCA2 in the herbicide-treated Phragmites site
(P < 0.05) (Figure 23). The most significant shift in bacterial community composition
occurred between days 14 to 25 after herbicide application along both PCA1 (P < 0.05) and
PCA2 (P < 0.10) (Figure 24).
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Figure 22. PCA comparison of days 0 and 25 for Phragmites herbicide-treated (PH) and
untreated (P) sites. Phragmites treated exhibits a strong shift in PCA2 (P = 0.074).
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Figure 23. PCA comparison of day 7 and 14 for Phragmites herbicide-treated (PH) and
untreated (P) sites. Phragmites treated is significantly different in PCA2 (P = 0.033).
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Figure 24. PCA comparison of day 14 and 25 for Phragmites herbicide-treated (PH) and
untreated (P) sites. Phragmites treated is significantly different in PCA1 (P = 0.041) and
PCA2 (P = 0.056).

DISCUSSION
Summary of Main Findings
The results of this study supported our hypothesis that bacterial community
composition and taxon richness differed in wetlands dominated by Phragmites australis
compared to Typha x glauca. (Figure 14, Figure 15). Bacterial community composition was
distinct and taxon richness was greater under vegetation that supported more plant diversity
(e.g. Typha x glauca.). This is reasonable given that aboveground vegetation and
belowground microorganisms have interactive feedback responses such that plants provide
nutrients to soil microorganisms through plant litter and root exudates, while soil
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microorganisms breakdown organic matter and release nutrients into the soil that is made
available to plants (Wardle et al. 2004, Wolfe and Klironomos 2005).
Because invasive species often degrade ecosystem services, they are the target of
restoration activities (Inderjit and Putten 2010, Kardol and Wardle 2010). Herbicides such as
glyphosate and imazapyr are often used to control invasive wetland plant species like
Phragmites australis (Carlson et al. 2009). This can further impact bacterial community
composition because some bacteria can degrade these chemicals as a nutrient source while
others are biochemically inhibited by its activity (Singh and Walker 2006, Tan et al. 2006,
Duggleby et al. 2008). However, this study showed only small shifts in bacterial community
composition during the short-term after herbicide application (Figure 22, Figure 23, Figure
24). Furthermore, this study indicated that shifts in soil bacterial communities (Figure 20)
were more strongly controlled by site differences than by vegetation (e.g. hydrology and soil
nutrients) (Figure 12, Figure 13).
Impact of Vegetation on Bacterial Community Composition
As expected, soil bacterial community composition and taxon richness differed by
dominant wetland vegetation. Phragmites bacterial communities clustered separately from
those in Typha dominated wetlands throughout every date sampled (Figure 14, Figure 16,
Figure 18). These results support current research on soil communities under different plant
species (Inderjit and Putten 2010, Kardol and Wardle 2010). The results also showed
bacterial taxon richness was greater in Typha than Phragmites dominated wetlands (Figure
21), which is consistent with other findings on invasive plants (Ehrenfeld 2003, Angeloni et
al. 2006) and coincides with a plant community surveys at our sites that showed Typha
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dominated wetlands support more plant diversity than monoculture stands of Phragmites (K.
Judd, unpublished data).
Soil nutrient analysis and hydrology can also explain the differences found in
bacterial community composition between Phragmites and Typha dominated sites. Typha
sites were often significantly wetter than Phragmites sites (Figure 11). Total nitrogen,
nitrate, and ammonium were significantly lower in Phragmites sites (Figure 13), consistent
with findings from other studies (Angeloni et al. 2006). Conversely, chloride and magnesium
were significantly higher in Phragmites sites. There are several farms and industrial areas
adjacent to these wetlands and a large urban center nearby which increase anthropogenic
inputs into tributaries and rivers flowing into this wetland. These environmental conditions
along with plant-specific litter and root exudates are likely contributing to the differences in
bacterial community composition.
The results also show shifts in bacterial community composition seasonally,
independent of vegetation type. As expected, bacterial communities in summer (July 2011)
and late summer/early fall (August of 2011) clustered together and were distinct from spring
samples (April 2011) (Figure 18). The seasonal shift in bacterial community composition
can be attributed to changes in environmental conditions, such as precipitation, temperature,
duration of daylight, and available nutrients involving plant-soil nutrient feedback cycles due
to presence of plant biomass and litter. This shift can also be accredited to differences in
plant inputs during the growing season. In the spring, young vegetation is growing and
incorporating soil nutrients into their biomass, which becomes a nutrient source to
microorganisms later in the growing season through plant litter and root exudates. In
addition, an increase in water depth, as seen in this study, may contribute to this seasonal

44

shift in bacterial community composition (Figure 11). Anoxic conditions present in very wet
soils support different microorganisms that can obtain energy through the use of electron
acceptors other than oxygen. This study shows that changes in hydrology correlate to the
differences shown in bacterial community composition by season (Figure 11, Figure 18).
Assuming inter-annual differences are minimal within a specific geographic region,
then bacterial community composition should also be similar year-to-year. The results of this
study did not support this assumption; bacterial community composition in 2011 clustered
separately from 2009 and 2010 (Figure 16). Hydrology differences can also account for this
shift in bacterial community composition because water depths were significantly greater in
2011 (Figure 11). The sample in 2009 occurred 6.5 weeks later in the year than the 2010 and
2011 samples, but no shift in bacterial community composition was seen so hydrology had a
greater impact than sample date.
It was not expected that soil nutrient concentrations would change year to year, but it
is possible that increased water flow in 2011 may have altered soil nutrient levels affecting
bacterial community composition. Levels of soil phosphorus increased around two fold from
2010 to 2011 for both Phragmites and Typha sites (Figure 13). Such changes in soil nutrients
are somewhat unexpected, since soil nutrient concentrations are not generally sensitive to
minor environmental fluctuations in the absence of large changes in plant communities.
During this time, soil chloride concentrations also rose, but not as dramatically, while
ammonia increased during this period for the Typha site only. Changes in soil nutrient levels,
especially phosphorus, could also be explained by increased run-off due to higher levels of
water (Figure 11). During this period, pH also steadily increased. However, if bacterial
community composition was strongly influenced by pH, then a shift during 2010 would be
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expected. Yet, it is possible a “threshold” may be required before bacterial community
composition was affected, explaining why the shift was not seen until 2011.
Comparing soil bacterial community composition between Phragmites and Typha on
a given date revealed greater differences than when all the sample dates were analyzed
together. T-RFLP analysis yielded a large substantial data set with each T-RF representing a
unique bacterial taxon due to variable regions found within the 16S rRNA gene. For
example, the mean number of taxa per sample was 209.5 ± 42 and 230.9 ± 15 (± 1 SD) for
Phragmites and Typha, respectively. The total number of unique taxa found in the entire
sample set was 601 with a mean of 18.3 ± 17 (± 1 SD) samples for each individual taxon.
When data from all sample dates were used, PCA explained a total of 17.4% of the variance.
This value increased to 28.4% when data from only one date was analyzed in the same way.
This suggests that analyzing a smaller data set with fewer variables may increase the power
and resolution for PCA so that patterns can more easily be identified. In this case, using the
restriction enzyme HhaI, which produced fewer T-RFs, could be used (data not shown).
Alternatively, rare and/or unique taxa could be removed to improve robustness of the
analysis.
Impact of Herbicide Application on Bacterial Community Composition
Overall, application of glyphosate and imazapyr on Phragmites australis caused few
changes in soil bacterial community composition, suggesting that these herbicides are
degraded quickly in these soils and do not have long-term impacts on soil bacterial
communities. However, minor changes were observed over shorter time scales, with the most
significant differences in bacterial community composition found within the first month after
herbicide application (Figure 22, Figure 23, Figure 24). Surprisingly, the herbicide-treated

46

site generally had higher taxon richness than the untreated (Figure 21). This was unexpected
because it was anticipated that some bacteria would disappear due to the chemical inhibition
of glyphosate and imazapyr on EPSP and AHAS, enzymes that catalyze metabolic pathways
involved in critical amino acid synthesis. However, analysis of soil nutrients indicated that
the herbicide-treated site showed a marked increase in phosphorus during 2011 after
glyphosate and imazapyr application, which could account for enrichment of additional rare
taxa (Figure 13). The Typha and Phragmites dominated sites also experienced an increase in
phosphorus but this is likely explained by higher water levels with increased nutrient input
from run-off, which could change nutrient availability to microorganisms under anaerobic
conditions. The Phragmites herbicide-treated site did not have increased water levels (Figure
12). Therefore, the rise in phosphorus at the Phragmites herbicide-treated site could be
attributed to bacterial degradation and soil adsorption of glyphosate metabolic products.
Consistent with the vegetation study, hydrology and soil nutrient analysis likely
explain many of the differences in bacterial community composition between the Phragmites
herbicide-treated and untreated sites. The PCA of Phragmites herbicide-treated versus
untreated sites containing all of the sample dates shows the large divergence in bacterial
community composition between the two sites (Figure 20). Water levels were
disproportionately high at the untreated Phragmites site compared to the herbicide-treated
site (Figure 12). This difference alone probably drives many of the differences between
bacterial community composition at the sites. Another contributing factor to the differences
in bacterial communities at the Phragmites treated and an untreated site were the soil
conditions as mentioned above. Additionally, soil chemistry was different at the treatment
compared to untreated site even prior to herbicide application (Figure 13).
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Given our knowledge of glyphosate and imazapyr’s inhibitory activity on enzymes
responsible for catalyzing certain amino acids, it was expected that there would be distinct
differences in bacterial community composition. There are a few other explanations of why
bacterial community composition observed during this study showed little change, and these
explanations could serve as the basis for future experimentation. First, sample dates were
chosen based on glyphosate’s half-life, yet it is possible bacterial degradation of these
chemicals and recovery of bacterial community composition occurred almost immediately
within the first 48 hours or in-between sample dates (i.e. between the sample day 2 and 4).
Second, glyphosate’s strong ability to adsorb to soil particles could reduce its availability to
microorganisms so changes in community composition were not seen. Third, chemical assays
of by-products of herbicide degradation were not performed on soils after herbicide
application. A positive test for degradation products would indicate changes in bacterial
community composition. Finally, differences in site conditions between the control (no
herbicide applied) and the treated plots also may have contributed to difficulties in
identifying shifts in bacterial community composition. Initially, the sites were similar in
hydrology when they were selected in 2009; however, when the herbicide experiment began
this was not true. A microcosm experiment, run in parallel, would provide a strong baseline
of control for comparison to the natural sites.
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